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1  | INTRODUC TION
All animals are born into a microbe- rich environment, and the 
host establishes a symbiotic relationship with its microbial 
community. Such symbiotic relationships play vital roles in the 
physiological functions of the host (Avella et al., 2012; Mach 
et al., 2015; Sommer & Bäckhed, 2013; Ye, Amberg, Chapman, 
Gaikowski, & Liu, 2014). The unstable and compositionally 
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Abstract
Host- associated microbiota undergoes a continuous transition, from the birth to 
adulthood of the host. These developmental stage- related transitions could lead to 
specific microbial signatures that could impact the host biological processes. In this 
study, the succession of early- life and intestinal bacterial communities of Atlantic 
salmon (starting from embryonic stages to 80- week post hatch; wph) was studied 
using amplicon sequencing of 16S rRNA. Stage- specific bacterial community compo-
sitions and the progressive transitions of the communities were evident in both the 
early life and the intestine. The embryonic communities showed lower richness and 
diversity (Shannon and PD whole tree) compared to the hatchlings. A marked transi-
tion of the intestinal communities also occurred during the development; 
Proteobacteria were dominant in the early stages (both embryonic and intestinal), 
though the abundant genera under this phylum were stage- specific. Firmicutes were 
the most abundant group in the intestine of late freshwater; Weissella being the dom-
inant genus at 20 wph and Anaerofilum at 62 wph. Proteobacteria regained its domi-
nance after the fish entered seawater. Furthermore, LEfSe analysis identified genera 
under the above - mentioned phyla that are significant features of specific stages. 
The environmental (water) bacterial community was significantly different from that 
of the fish, indicating that the host is a determinant of microbial assemblage. Overall 
the study demonstrated the community dynamics during the development of Atlantic 
salmon.
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variable microbiota associated with the early life undergoes 
continuous transitions (from the first few days to the first few 
years of life) to achieve a compositional profile resembling that 
of adults (Arrieta, Stiemsma, Amenyogbe, Brown, & Finlay, 2014; 
Matamoros, Gras- Leguen, Le Vacon, Potel, & de La Cochetiere, 
2013; Rodríguez et al., 2015; Yatsunenko et al., 2012). Microbiota 
includes bacteria, archaea, fungi, and viruses, and these micro-
organisms occupy the nutrient- rich mucosal surfaces of fish 
(Llewellyn, Boutin, Hoseinifar, & Derome, 2014). Certain groups 
of microbes that have coevolved with the host to aid in several 
biological processes are generally considered as the persistent 
types (Bäckhed et al., 2012; Ursell, Metcalf, Parfrey, & Knight, 
2012). On the other hand, the unstable microbial community that 
colonizes the host under specific biological (e.g., developmental 
stage) and/or environmental conditions, are the transient groups 
(Caporaso et al., 2011; Savage, 1977). Although the transition 
from the early life to the adult microbiome of humans is relatively 
well documented, the transition during the ontogeny of fish and 
the establishment of their microbial communities are relatively 
less explored. Studies on the microbiota of larval Atlantic cod 
(Gadus morhua) and killifish (Kryptolebias marmoratus) (Bakke, 
Coward, Andersen, & Vadstein, 2015; Forberg et al., 2016), and 
the intestinal microbial communities during the ontogeny of ze-
brafish (Danio rerio) (Stephens et al., 2015; Wong et al., 2015) and 
catfish (Bledsoe, Peterson, Swanson, & Small, 2016) have shed 
light on the importance and transformation of early life communi-
ties of the fish. Furthermore, the transition of the bacterial com-
position during the ontogeny of wild Atlantic salmon belonging to 
different cohorts was described by Llewellyn et al. (2016). High- 
throughput sequencing studies have delineated the persistent 
phyla in Atlantic salmon intestinal bacterial community, which 
includes members of Firmicutes, Proteobacteria, and Tenericutes 
(Chiarello, Villéger, Bouvier, Bettarel, & Bouvier, 2015; Dehler, 
Secombes, & Martin, 2017a; Gajardo et al., 2016; Zarkasi et al., 
2014). Furthermore, freshwater to seawater transfer- related 
transient (Dehler, Secombes, & Martin, 2017b) and persistent 
(Rudi et al., 2018) intestinal communities of Atlantic salmon were 
also described recently.
Atlantic salmon is an anadromous fish of high- commercial 
value. In aquaculture production systems, embryos and larvae 
are maintained in freshwater, and when the fish become smolts (a 
developmental stage that enables the fish to adapt to its physio-
logical needs in seawater) they are transferred to seawater where 
they grow into adults. The first feeding starts at ~7–8 weeks 
post hatching. These events are likely to impact the microbiome 
of fish and ontogenetic succession of the embryonic and intesti-
nal bacterial communities of Atlantic salmon, until the seawater 
stage, has not yet been explored in fish originating from the same 
cohort. The aim of this study was to assess the transition of the 
bacterial community at the embryonic stages of Atlantic salmon, 
and in the intestine of the fish from prior to first feeding stage to 
the 80- week post hatch stage, employing a 16S rRNA gene- based 
phylotyping technique.
2  | MATERIAL S AND METHODS
2.1 | Biological material
This study was conducted according to the guidelines given by the 
Norwegian Animal Research Authority (FDU; approval number: 
7899). Samples (n = 10) from selected life stages of the fish were 
procured from a local hatchery (Cermaq AS, Hopen, Bodø, Norway). 
Bacterial communities of the embryonic stages were analyzed from 
the entire organism. The whole intestine from stages after the yolk 
sac absorption and the distal intestine from stages thereafter was 
sampled to understand the changes in the community compositions 
associated with the ontogeny of the organ. Distal intestinal samples 
comprising of both mucus and the contents were collected from the 
late freshwater stages and the seawater stages. All the samples were 
collected from a single cohort of Atlantic salmon. Stage of the fish, 
type of sample collected, and the length and weight of the fish at 
the different sampling time points are summarized in Supporting 
Information Table S1. The salinity, temperature and pH of the rearing 
water in the hatchery were <0.5 ppt, 12°C, and 7, respectively. The 
conditions in the seawater rearing system were 34 ppt, 12–13°C, 
and 7, respectively.
2.2 | Sampling
Whole organisms (Eyed egg stage - EE, Egg before hatching—EBH 
and Hatched larvae—HL) were used for the early developmen-
tal stages. The embryos were euthanized with 200 mg/L MS- 222 
(Tricaine methane sulphonate; Argent Chemical Laboratories, 
Redmond, USA), transferred to a cryo tube, and then frozen imme-
diately in liquid nitrogen. From 7 weeks post hatch (wph) stage, the 
fish were dissected, and the whole intestinal samples (7, 8, 10, and 
12 wph) were collected aseptically and frozen immediately using liq-
uid nitrogen. At 20 wph, the distal intestine (freshwater stages—20, 
44, and 62 wph, seawater stages—65, 68, and 80 wph) was clearly 
distinguishable and only this intestinal segment was sampled. The 
distal intestine was cut open longitudinally, and the luminal con-
tents along with the mucus were scraped off using a sterile glass 
slide and transferred to a cryotube and then frozen in liquid nitrogen. 
Sampling strategy adopted in the study is illustrated in Figure 1.
Water samples (1L) from the egg incubation trays and the fish 
holding tanks were also collected and filtered using Supor 200, sin-
gle 0.2 μm 47 mm filters (Pall Norge AS, Hønefoss, Norway). All the 
samples	and	the	filters	were	stored	at	−80°C	before	the	DNA	was	
extracted.
2.3 | DNA extraction, preparation of the 
sequencing libraries (V3–V4 region), library 
quantification, and sequencing
DNA from the samples was extracted using the QIAamp Fast DNA 
stool mini kit (Qiagen, Nydalen, Sweden). The frozen samples were 
thawed in Inhibitex® buffer from the kit and subjected to bead 
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beating using MagNA Lyser (Roche Diagnostics, Oslo, Norway) at 
2000 g for 30 s to ensure efficient release of DNA from the microbial 
communities. The samples were further processed according to the 
manufacturer’s protocol and employing the modifications described 
earlier by Lokesh & Kiron (2016). DNA from the filters was extracted 
using the metagenomic DNA isolation kit for water (Epicentre, 
Middleton, USA) according to the manufacturer’s instructions. The 
DNA samples were quantified using the Qubit® dsDNA BR Assay Kit 
(Life Technologies, Carlsbad, CA, USA), and their quality was evalu-
ated on an agarose gel.
A paired end, dual index protocol was adopted to amplify and 
prepare the 16S rRNA gene (V3–V4 regions) sequencing libraries as 
described by Kozich, Westcott, Baxter, Highlander, & Schloss (2013). 
The forward primer was modified to contain p5 adapter, i5 index, 
padF and linkF in addition to the gene specific primer V3- 341F- 
CCTACGGGAGGCAGCAG (Kozich et al., 2013). Similarly, the reverse 
primer contained p7 adapter, i7 index, pad and linker in addition to 
the gene specific primer V4- 785R- GGACTACHVGGGTWTCTAAT 
(Kozich et al., 2013). These primers are best suited for targeting the 
variable regions V3 and V4 with broad phyletic coverage (Klindworth 
et al., 2013). The DNA samples were normalized to approximately 
500 ng/reaction prior to performing PCR. The PCR reactions were 
performed in a 25 μl reaction volume containing 12.5 μl Kapa HiFi 
HotStart PCR ReadyMix (KAPA biosystems, Woburn, USA), 2.5 μl 
each of forward and reverse primers (300 nM), and 7.5 μl of the DNA 
elutions and water. Thermocycling conditions included initial dena-
turation at 95°C for 5 min, followed by 35 cycles of denaturation at 
98°C for 30 s, annealing at 58°C for 30 s, and extension at 72°C for 
45 s. A final extension was performed at 72°C for 2 min. For each 
sample, the PCR was run in triplicate. After performing the PCR, 
the products from the triplicate reactions of a particular sample 
was pooled and run on a 1.2% agarose gel. The amplified products 
(~550 bp) were isolated from the gel and purified using the ZR- 96 
Zymoclean™ Gel DNA Recovery Kit (Irvine, CA, USA) following the 
manufacturer’s instructions. All the primers employed in the study 
were subjected to a negative PCR (without template) to ascertain 
the absence of contaminating bacterial DNA either in the primers 
or the PCR mastermix. The libraries were quantified using the KAPA 
Library Quantification Kit for Illumina® platforms following the man-
ufacturer’s instructions. Libraries were pooled in equimolar (2 nM) 
concentrations and sequenced using the Illumina MiSeq (San Diego, 
CA, USA). The final concentration of the library that was used for 
the sequencing was 9 pM with equimolar 10% PhiX control library.
2.4 | Data analysis
2.4.1 | Quality of the reads
We obtained 7074661 raw sequence reads from the 2 MiSeq runs, 
split across 127 samples belonging to 13 life stages. FastQ files were 
used as the input for the UPARSE (usearch version 8.0.1623) pipe-
line (Edgar, 2013). In both the runs, the percentage of nucleotides 
with	 quality	 score	 ≥Q30	was	 very	 low	 for	 the	 read	 4;	 37.22	 and	
43.26 for the sequencing run one and two, respectively (Supporting 
Information, Table S2). We adopted the maximum expected error 
filtering strategy as described in the Edgar and Flyvbjerg (Edgar & 
Flyvbjerg, 2015), to get rid of low quality reads. This quality filtering 
method performs better than the traditional filtering methods that 
are based on the Phred (Q) scores. First, with default parameters and 
maximum expected error set to 1, we merged the forward and the 
reverse reads. This gave very few sequences per sample due to the 
large number of erroneous nucleotides in the reverse read. Hence, 
only the forward reads which contained the V3 region of the 16S 
rRNA gene were used for further analysis.
2.4.2 | Analysis of the microbial 
community structure
First, the forward reads from different samples were truncated to 
200 bp and quality filtered by setting the maximum expected error 
value to 1. Next, the resulting sequences were dereplicated, abun-
dance sorted and reads with <10 sequences were discarded. OTUs 
F IGURE  1 Ontogenetic timeline of salmon depicting the successive developmental stages that were targeted in this study: early 
developmental stages; early freshwater stages; late freshwater stages; seawater stages. wph: weeks post hatching
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(operational taxonomic units) were clustered at 97% similarity level 
and then the chimeric sequences were filtered out by UCHIME ver-
sion 4.2.40 (Edgar, Haas, Clemente, Quince, & Knight, 2011) using 
the Greengenes reference database gg_13_8 (DeSantis et al., 2006). 
After the chimera check, the reads (including those with less than 
10 sequences) were mapped to the OTUs by searching the reads 
as query against the OTU representative sequences. Taxonomic 
ranks were assigned to the OTUs using UTAX algorithm (http://
www.drive5.com/usearch/manual/utax_algo.html). UTAX calcu-
lates a taxonomy prediction confidence estimate (ranges from 0 to 
1) for each of the taxonomic ranks. Assignments with confidence 
score <0.5 were not considered in the downstream analysis, except 
for the OTUs that had >10,000 reads, which are indicated using as-
terisk in the results section. After constructing the OTU table, the 
OTU count data were split into four categories based on the sam-
ple type namely, the early developmental stages, whole intestine 
from freshwater stages, distal intestine from freshwater stages and 
distal intestine from seawater stages. All the downstream analyses 
were performed separately on these four categories. Alpha diversity 
measures were computed using QIIME (Caporaso et al., 2010) at a 
rarefaction depth of 2,400 sequences per sample. The significant 
differences in alpha diversity indices of the groups (one way ANOVA 
and Tukey’s post hoc tests, and unpaired test) were analyzed using 
GraphPad Prism. Appropriate transformations were employed when 
the assumptions of normality and equal variances were not met. 
Beta diversity was assessed based on UniFrac distances (Lozupone 
& Knight, 2005) and a PCoA plot was created using the R package 
(R Core Team, 2013) phyloseq version 1.12.2 (McMurdie & Holmes, 
2013). Dissimilarities in the community compositions were assessed 
using	ANOSIM−the	p values and the test statistic R are given in the 
respective PCoA plots (Ramette, 2007). The significantly abundant 
OTUs were identified using Linear discriminant analysis effect size 
(LEfSe) (Segata et al., 2011), which detected the significant (p value 
cut off 0.05 and LDA cut off 3.5) features of the respective groups. 
The significantly different features were plotted as a cladogram 
using GraPhlAn (Asnicar, Weingart, Tickle, Huttenhower, & Segata, 
2015). The sequence data are deposited in the MG- rast database, 
under the project id mgp82105.
3  | RESULTS
In this study, 4280367 quality filtered sequences were clustered 
into 1,442 OTUs. The number of OTUs reported in other studies 
about the intestinal microbiota of Atlantic salmon ranged from 914 
to 2,864 (Dehler et al., 2017a, 2017b; Gajardo et al., 2016; Zarkasi 
et al., 2016). This wide range could be because of the differences in 
the variable regions sequenced, filtering methods to obtain quality 
sequences or biological samples (both number and type) or a com-
bination of these factors. Rarefied data, with a depth of 2,400 se-
quences/sample, were used to calculate the alpha and beta diversity 
indices. The succession of the ontogeny- associated microbiota of 
the four groups is described in this study.
3.1 | Hatching reflects a shift in the diversity and 
composition of the microbiota
The diversity indices (Shannon index and PD Whole tree indicating the 
effective number of common species and phylogenetic diversity) of 
the communities of HL were significantly higher (p < 0.05, Figure 2a) 
compared with the EE and EBH communities. The community compo-
sitions of the early developmental stages were significantly different 
(Figure 2b; p < 0.01, R > 0.7, based on weighted UniFrac distances).
Proteobacteria (mainly Methylotenera and Undibacterium) was 
the abundant phylum in the embryonic stages, and the proportion 
of the phylum decreased from the EBH to HL stages (Figure 2c). A 
phylum- level significant abundance of Proteobacteria was evident 
for the EBH stage due to the abundance of bacteria belonging to 
all taxonomic levels of Betaproteobacteria. The results obtained 
for the EE (including Methylophilales and Mycococcales) and HL 
stages (Pseudomonadales, Alteromonadales, Vibrionales, Rhizobiales, 
Caulobacterales, and Spingomonadales) also showed the signifi-
cantly abundant OTUs under this phylum (Figure 2d). Methylotenera 
and Methylophilus were the dominant OTUs in the EE, while 
Undibacterium was the dominant type in EBH and HL. Along with the 
above-mentioned bacteria at lower taxonomic levels, Proteobacteria, 
Actinobacteria, Tenericutes, Firmicutes, Bacteroidetes, Deinococcus-
Thermus, Spirochaetes were identified as biomarkers of the HL 
group (Figure 2d). Most of the OTUs under the order Burkholderiales 
were significantly abundant in either the EBH or the HL (Figure 2d). 
Furthermore, all genera of Alpha- and Gamma-proteobacteria, except 
one OTU belonging to the Rhizobacter, were significantly abundant 
in the HL group (Figure 2d).
3.2 | Successional changes in the diversity and 
composition of the intestinal bacterial community of 
fish at the early freshwater stages
The alpha diversity indices of the communities associated with the 
intestine of fish at the early freshwater stages did not significantly 
vary (Figure 3a). The intestinal bacterial communities of the fish at 
the early freshwater stages were significantly different (Figure 3b; 
F IGURE  2 Plots showing the comparisons of microbiota associated with the early developmental stages (EE, EBH, and HL) of Atlantic 
salmon. Stage- specific color coding was used for Figures a, b, and d. (a) Alpha diversity indices (Shannon index and PD whole tree) of the 
bacterial communities and (b) Weighted UniFrac distance- based PCoA. (c) The mean relative abundance of the 10 most abundant OTUs, 
plotted at the genus level. The OTUs are colored according to their taxonomic classification, and the OTUs without any assignment are 
shown in gray. (d) Cladogram showing the significantly abundant taxonomic groups in each of the stages, identified based on the LEfSe 
analysis (p < 0.05 and effect size >3.5).
     |  5 of 16LOKESH Et aL.
(a)
(b)
(d)
(c)
6 of 16  |     LOKESH Et aL.
p < 0.01, R > 0.5; based on weighted UniFrac distances 7, 8, 10 vs. 
12 wph).
Proteobacteria (including the genera Photobacterium (7 wph 
and 10 wph) and Pseudomonas (8 wph)) was the dominant phy-
lum in the first three stages sampled (Figure 3c). However, the 
genus Weissella belonging to the Firmicutes was abundant at 
12 wph. Aging- related changes were evident from the signifi-
cantly abundant OTUs associated with the stages (Figure 3d). 
The phylum Proteobacteria was significantly abundant at 
8 wph, primarily reflecting the abundance of the OTUs of the 
order Pseudomonadales, whereas Vibrionales, Alteromonadales, 
and the families and genera under these orders were signifi-
cantly abundant at 10 wph. The significantly abundant OTUs 
belonging to Comamonadaceae under Burkholderiales made 
Betaproteobacteria a significant feature at 12 wph, whereas the 
OTUs of Oxalobacteriaceae, belonging to Betaproteobacteria, 
were significantly abundant at 7 wph. Alphaproteobacteria was 
significantly abundant at 7 wph, comprising the OTUs belong-
ing to Sphingomonadales and Methylobacteriaceae. However, 
Caulobacteriales (Alphaproteobacteria) and its members were 
significantly abundant at 12 wph (Figure 3d). The phyla 
Actinobacteria and Deinococcus-Thermus were significantly abun-
dant at 7 wph (Figure 3d). Bacteroidetes were significantly abun-
dant at 12 wph, primarily reflecting the significant abundances 
of the Flavobacterial lineage, whereas the class Sphingobacteria 
(Bacteroidetes) was significantly abundant at 7 wph. Firmicutes 
and most of the members of this phylum, particularly the OTUs 
belonging to the class Bacilli, were significantly abundant at 
12 wph (Figure 3d).
3.3 | Successional changes in the diversity and 
composition of the distal intestinal community of fish 
at the late freshwater stages
The effective number of common species (Shannon index) of the 
bacterial communities at 44 wph were significantly lower compared 
to the 20 wph stage (Figure 4a). However, the phylogenetic diver-
sity (PD whole tree) of the communities, did not significantly vary 
(Figure 4a). The fish at the late freshwater stages had significantly 
different [Figure 4b; p < 0.01, R > 0.8, based on weighted UniFrac 
distances (20 vs. 44, 62 wph)] bacterial communities.
Firmicutes (Genera Weissella and Anaerofilum) was the most domi-
nant phylum in the distal intestine at 20, 44, and 62 wph (Figure 4c). In 
addition, two OTUs with taxonomy prediction confidence estimates 
<0.5 (hence excluded from the LEfSe analysis) belonging to the phy-
lum Firmicutes (indicated using asterisk, Figure 4c; including the genus 
Laceyella, Figure 4c) were also predominant in this group of fish. The 
phylum Firmicutes and the orders under this group, Lactobacillales 
and Bacillales, comprising the class Bacilli, were significantly abun-
dant at 20 wph (Figure 4d). The class Clostridia, however, was signifi-
cantly abundant at 62 wph (primarily reflecting one OTU belonging 
to Anaerofilum). Other OTUs belonging to Peptostreptococcaceae and 
some unassigned OTUs under Clostridiales were significantly abundant 
at 44 wph (Figure 4d). While the phylum Tenericutes and its members 
were significantly abundant at 62 wph, the phylum Bacteroidetes and 
its members were significantly abundant at 20 wph. At the phylum 
level, Proteobacteria was not a significant feature of any of the stages. 
However, the classes under this group (Alpha- , Beta- and Gamma-
proteobacteria) were significant features at 20 wph (Figure 4d). 
Interestingly, at the order level, the significantly abundant features 
belonged to different stages, including Rhizobiales (20 wph) and 
Caulobacteriales (62 wph) of Alpha-proteobacteria, Pseudomonadales 
(20 wph), Enterobacteriales (20 wph), Vibrionales (44 wph), and 
Aeromonadales (62 wph) of Gamma-proteobacteria (Figure 4d).
3.4 | Successional changes in the diversity and 
composition of the distal intestinal community of 
seawater fish
The effective number of common species (Shannon index) of the 
communities associated with the distal intestine of the Atlantic 
salmon in seawater (65, 68, and 80 wph stages) were significantly 
different (Figure 5a; p < 0.05). However, the phylogenetic diversity 
(PD whole tree) of the three stages was not significantly different. 
The bacterial community compositions of fish at the seawater stages 
were not remarkably different as the R values were <0.3 (Figure 5b; 
p < 0.01 based on weighted UniFrac distances).
The 2 OTUs (with low- taxonomic assignment confidence, <0.5) 
belonging to the genus Laceyella (phylum Firmicutes) were pre-
dominant at 65 and 80 wph (Figure 5c). The phylum Spirochaetes 
(with unassigned taxonomy at genus level) was predominant in 
the distal intestine at 68 wph. Actinobacteria, Tenericutes, and 
Firmicutes were the significantly abundant phyla at 65 wph. 
Spirochaetes and Bacteroidetes were the significant phyla at 68 
and 80 wph, respectively (Figure 5d). Under Firmicutes, one 
OTU belonging to Weissella was a feature of the 80 wph, mak-
ing Lactobacillales a significant feature at 80 wph. Although at 
65 wph more significantly abundant taxonomic biomarkers were 
observed for the phylum Proteobacteria, phylum- level significant 
abundance was not detected. The classes Alpha-proteobacteria, 
Epsilon-proteobacteria and their members were significantly 
abundant at 65 wph (Figure 5d). Under Proteobacteria, the orders 
F IGURE  3 Plots showing the comparisons of the microbiota associated with the whole intestine of Atlantic salmon in freshwater (7, 8, 
10, and 12 wph). Stage- specific color coding is used for Figures a, b, and d. (a) Alpha diversity indices (Shannon index and PD whole tree) 
of the bacterial communities and (b) Weighted UniFrac distance- based PCoA. (c) The mean relative abundance of the 10 most abundant 
OTUs, plotted at the genus level. The OTUs are colored according to their taxonomic classification, and the OTUs without any assignment 
are shown in gray. (d) Cladogram showing the significantly abundant taxonomic groups in each of the stages, identified based on the LEfSe 
analysis (p < 0.05 and effect size >3.5).
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Alteromonadales, Pseudomonadales and 2 OTUs belonging to the 
genus Vibrio were significantly abundant at 65 wph (Figure 5d). 
Under Pseudomonadales, two OTUs of Psychrobacter and 
Pseudomonas were the significantly abundant features at 80 wph 
(Figure 5d). The bacterial compositional shift at the phylum- level 
is shown in Supporting Information Figure S1.
3.5 | Transition in the communities associated 
with the distal intestine during transfer from 
freshwater to seawater
There were no significant differences in the diversity indices based 
on the Shannon index and PD whole tree values (Figure 6a; p > 0.05) 
associated with 62 and 65 wph. Beta diversity of the bacterial com-
munities was significantly different between the groups (p < 0.01, 
but the R value was low (R < 0.3).
Firmicutes (Laceyella* and Anaerofilum), Tenericutes (Unassigned 
genera), and Proteobacteria (Photobacterium) were the dominant phyla 
at the two stages examined (Figure 6c). Bacteroidetes and Firmicutes 
were abundant at 62 wph (freshwater), whereas Proteobacteria 
was significantly abundant at 65 wph (seawater) (Figure 6d). Some 
members of Proteobacteria namely, Caulobacterales, Burkholderiales 
and Pseudomonadaceae were the abundant features at 62 wph 
(Figure 6d). The OTUs under Firmicutes, including Clostridiales, 
Bacillales, Streptococcus and Leuconostocaceae, were the significant 
features at 65 wph.
The bacterial communities of the water samples and the cor-
responding fish- associated microbiota were different (Supporting 
Information, Figure S2).
4  | DISCUSSION
This study profiled the progressive transition of the bacterial com-
munities of Atlantic salmon: in the early embryonic stages (EE, EBH, 
and HL), in the entire intestine of the early freshwater stages (7, 8, 
10, 12 wph), and in the distal intestine of the late freshwater stages 
(20, 44, 62 wph), and in the distal intestine of the seawater stages 
(65, 68 and 80 wph).
Fish eggs are colonized by diverse microbial communities 
(Hansen, 1999; Llewellyn et al., 2014). In this study, the bacte-
rial community associated with the whole organism was exam-
ined up to the hatching stage. The transition from eyed eggs 
(EE) to those prior to hatching (EBH) was characterized based on 
changes in both richness and phylogenetic diversity as well as the 
composition, particularly at the genus level: Methylotenera and 
Methylophilus were dominant in the EE, whereas Undibacterium 
was dominant in the EBH and HL groups. Previous reports have 
not clearly described the presence and biological functions of 
these genera on fish eggs though Methylotenera has been found 
abundant on the brown trout (Salmo trutta) embryos (Wilkins, 
Fumagalli, & Wedekind, 2016). The abovementioned communities 
of the phylum Proteobacteria are likely to be egg surface- specific 
(Fujimoto, Crossman, Scribner, & Marsh, 2013; Llewellyn et al., 
2014; Yoshimizu, Kimura, & Sakai, 1980) and the mechanisms 
causing the shift in the genera are not clear yet, although neutral 
and nonneutral assembly models have been proposed for zebraf-
ish (Burns et al., 2016). As zebrafish ages, the assembly of the as-
sociated bacterial community is not decided according to chance 
and dispersal, but through microbial interactions, active dispersal, 
or host selection (Burns et al., 2016). The hatchling- associated 
community was significantly diverse (phylogenetically) compared 
with the communities prior to hatching. Hatching is a critical pro-
cess because the sterile embryo contacts the microbe- rich envi-
ronment (Fujimoto et al., 2013; Galindo- Villegas, Garcia- Moreno, 
de Oliveira, Meseguer, & Mulero, 2012; Zapata, Diez, Cejalvo, 
Gutiérrez- de Frías, & Cortés, 2006) when the immune system of 
the organism is still immature in terms of its ability to mount an 
adaptive response (Zapata et al., 2006). The diverse community 
members associated with hatchlings might aid the host in defence 
against pathogens (Liu et al., 2014; Llewellyn et al., 2014; Rawls, 
Samuel, & Gordon, 2004). From the hatching stage onward, major 
mucosal organs, such as the gills, skin and gut physically come 
in contact with the environmental microbes providing specific 
niche for phylotypes that can colonize these tissues because it is 
previously shown that the microbial profiles in these tissues are 
distinct (Lowrey, Woodhams, Tacchi, & Salinas, 2015). The specific 
phylotypes that colonize these microenvironments might play key 
roles in the normal development of these organs (Bates et al., 
2006; Chung et al., 2012; Ingerslev et al., 2014; Llewellyn et al., 
2014; Rawls et al., 2004). In addition, at this stage, oxygen uptake 
changes from cutaneous to pharyngeal (Wells & Pinder, 1996), 
and this development could affect the community composition. 
These ontogenic changes might contribute to the HL- associated 
diverse bacterial community, which had significantly abundant 
bacteria belonging to Proteobacteria, Actinobacteria, Tenericutes, 
Firmicutes, Bacteroidetes, Deinococcus-Thermus, and Spirochaetes. 
Moreover, the early life communities could be species- and stage- 
specific as shown previously in Atlantic cod and halibut eggs. 
Vibrio fischeri and Leucothrix mucor were abundant on cod eggs, 
whereas Moraxella and Alcaligens were abundant on halibut eggs 
(Hansen & Olafsen, 1989). In addition, microbiota of cod larvae 
F IGURE  4 Plots showing the comparison of the microbiota associated with the distal intestine of Atlantic salmon in freshwater (20, 
44, and 62 wph). Stage- specific color coding is used for Figures a, b, and d. (a) Alpha diversity indices (Shannon index and PD whole tree) 
of the bacterial communities and (b) Weighted UniFrac distance- based PCoA. (c) The mean relative abundance of the 10 most abundant 
OTUs, plotted at the genus level. The OTUs are colored according to their taxonomic classification, and the OTUs without any assignment 
are shown in gray. (d) Cladogram showing the significantly abundant taxonomic groups in each of the stages, identified based on the LEfSe 
analysis (p < 0.05 and effect size >3.5).
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was highly distinct from those of their environment and live feed 
indicating the selection by the host (Bakke et al., 2013; Stephens 
et al., 2015; Yan et al., 2016). Atlantic salmon embryonic stages 
had significantly abundant Methylotenera, Methylophilus and 
Undibacterium. All these abundant bacteria associated with the 
fish eggs belong to the phylum Proteobacteria.
Yan et al. (2016), have introduced the “fish gut island” ecosys-
tem theory and hypothesized that host factors (Li, Yu, Feng, Yan, 
& Gong, 2012; Li et al., 2014; Rawls, Mahowald, Ley, & Gordon, 
2006; Roeselers et al., 2011; Yan et al., 2016), rather than the envi-
ronment, are the major deterministic filters that decide the micro-
bial assemblage in the fish intestine. In this study, we analyzed the 
bacterial communities in the water from which the corresponding 
developmental stages were collected. It was previously reported 
that the gut microbiota of the aquacultured species (grass carp, 
Ctenopharyngodon idella; Chinese perch, Siniperca chuatsi; and 
southern catfish, Silurus meridionalis) from the same regional pool 
are similar, and these fishes have developmental stage- dependent 
communities, which are distinct from those of the rearing water 
(Li et al., 2012). In this study, the water and fish- associated bac-
terial community composition and abundance were not identical, 
as described by Yan et al. (2016), and the authors indicate that the 
host is the principal factor that account for the modulation of the 
microbiota. Other investigations (Li et al., 2012, 2014; Rawls et al., 
2006; Roeselers et al., 2011) on fish gut microbiota also suggested 
that the host considerably affects the community composition and 
turnover patterns. Hence, it is plausible that deterministic pro-
cesses can regulate the succession of the bacterial communities 
of Atlantic salmon.
After the formation of the gut, that is, 7 weeks after hatching, 
the bacterial community associated with the whole intestine was 
assessed. Neither the effective number of common species nor 
the bacterial lineages associated with these stages were signifi-
cantly different. Feeding led to a transition of the rainbow trout 
larval intestine from a Bacteroidetes- dominant to a Firmicutes- and 
Proteobacteria- dominant community (Ingerslev et al., 2014). The 
observations in this study suggest that feeding causes a phylum- 
level shift to Proteobacteria (at 8 wph) and Bacteroidetes (as a result 
of the Flavobacterial lineage, at 12wph), and Firmicutes (primar-
ily reflecting the abundance of the genus Weissella, at 12 wph). 
Age- related transitions (from parr to adult stage) in the intestinal 
communities of the wild Atlantic salmon belonging to different 
cohorts have been previously hypothesized to be controlled by 
both deterministic and stochastic factors (Llewellyn et al., 2016) 
because life cycle stages rather than the geography had large 
impact on the composition. A similar finding was reported in a 
freshwater carnivore, channel catfish (Bledsoe et al., 2016); a 
transition in the community composition was observed across de-
velopmental stages.
The distal intestine was clearly distinguishable at 20 wph; 
therefore, the bacterial community associated with this intes-
tinal region was analyzed from this time point. The effective 
number of common species of the two stages 20 and 44 wph 
were significantly different, reflecting the lower richness of the 
community at 44 wph. However, the lineages of the bacterial 
communities were not far apart as there was no difference in 
the phylogenetic diversity of the communities. In this study, the 
phylum Firmicutes was significantly abundant at 12 wph, during 
the ontogeny of the intestine and after differentiation of the dis-
tal intestine, that is, at 20 wph. The genera Weissella, Laceyella*, 
and Anaerofilum were the predominant contributors to the sig-
nificant abundance of Firmicutes. Rainbow trout, also presents a 
high abundance of Firmicutes, with OTUs belonging to Bacilli as 
the predominant type (Wong et al., 2013), similar to the fish at 
20 wph. In contrast, members of Bacilli were not abundant in the 
gut of the cyprinids common carp (Cyprinus carpio) and zebraf-
ish (Danio rerio) (van Kessel et al., 2011; Roeselers et al., 2011). 
Bacteria belonging to Clostridia was significantly abundant once 
the fish was ready to enter the seawater, that is, at 62 wph. 
These findings may be indicating the importance of Firmicutes 
to trout and salmon. The phylum Tenericutes also became signifi-
cantly abundant just prior to the transfer of the fish to seawater 
(at 62 wph) and it remained as the significant feature even after 
entry into seawater (at 65 wph), as observed in other studies 
with Atlantic salmon (Holben et al., 2002; Llewellyn et al., 2016) 
and trout (Lowrey et al., 2015). Higher abundance of intestinal 
Tenericutes (especially Mycoplasma) appears to be a character-
istic of both farmed fish belonging to the same cohort and wild 
marine adults belonging to multiple cohorts (Holben et al., 2002; 
Llewellyn et al., 2016).
Firmicutes were significantly abundant soon after the fish 
were transferred to seawater, and the OTUs belonging to 
Laceyella* remained predominant. In addition, the OTUs be-
longing to Spirochaetes, Proteobacteria and Tenericutes were also 
prominent. The significant abundance of the phylum Spirochaetes 
at 68 wph suggests their importance for carnivorous fish. Similar 
to the findings in this study, Spirochaetes were highly abundant 
in other carnivorous fish, including mahi- mahi (Coryphaena 
hippurus) and great barracuda (Sphyraena barracuda) (Givens, 
Ransom, Bano, & Hollibaugh, 2015). During the seawater stages, 
F IGURE  5 Plots showing the comparison of the microbiota associated with the distal intestine of Atlantic salmon in seawater (65, 68, 
and 80 wph). Stage- specific color coding is used for Figures a, b, and d. (a) Alpha diversity indices (Shannon index and PD whole tree) of the 
bacterial communities and (b) Weighted UniFrac distance- based PCoA. (c) The mean relative abundance of the 10 most abundant OTUs, 
plotted at the genus level. The OTUs are colored according to their taxonomic classification, and the OTUs without any assignment are 
shown in gray. (d) Cladogram showing the significantly abundant taxonomic groups in each of the stages, identified based on the LEfSe 
analysis (p < 0.05 and effect size >3.5).
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the effective number of common species in the distal intestinal 
community significantly decreased with time. Similar diversity 
shift and the overabundance of the few phylotypes in the mi-
crobiota of the intestine (Llewellyn et al., 2016) and skin (Lokesh 
& Kiron, 2016) of adult Atlantic salmon and rainbow trout gut 
(Lowrey et al., 2015), respectively, have been previously docu-
mented. Changes in the phylum Tenericutes (mainly Mycoplasma 
spp.) during development were minimal in this study. Although 
Tenericutes were part of the microbiota at the early developmen-
tal stages and were significantly abundant in the HL group and 
the distal intestine at 62 and 65 wph, the proportion of this phy-
lum (20% at 62 wph) was much less compared with the study by 
Holben et al. (2002), who reported 70%–90% Tenericutes in most 
of their samples that originated from both farmed and wild fish. 
Another study on the transition in the community composition 
of the wild Atlantic salmon by Llewellyn et al. (2016) showed 
that the proportion of Mycoplasma spp. increased consistently 
with development and it was most abundant in the adults re-
turning for spawning. On the other hand, previous reports on 
the abundance of Mycoplasma spp. in the intestine are contrast-
ing; Llewellyn et al., (2016) and Holben et al. (2002) found an 
over dominance, whereas Zarkasi et al. (2014, 2016) detected 
only sporadic occurrence of the species. These discrepancies 
could be because of the genetic background or the geographi-
cal locations of the fish sampled. In addition, it has been previ-
ously shown that the microbial richness in the intestine of wild 
Atlantic salmon belonging to multiple cohorts decreased as the 
fish became older (freshwater returning adults) (Llewellyn et al., 
2016). The individuals in this study belonged to a single cohort 
and we observed a decrease in the richness after the fish were 
transferred to seawater (68 wph and 80 wph). It is unlikely that 
this decrease in richness is linked to starvation as hypothesized 
by Llewellyn et al. (2016) because the fish in this study were fed 
during the experimental period.
We also examined the diversity and differences in the sig-
nificantly abundant phyla associated with the distal intestine 
of the fish in freshwater and seawater by comparing 62 wph 
versus 65 wph. Though this comparison did not reveal signif-
icant differences in the richness, phylogenetic diversity and 
beta diversity of the communities, LEfSe analyses revealed 
significantly different abundances (even at phylum- level) as-
sociated with a particular group. Proteobacteria, which were 
abundant in the early stages regained their dominance when 
the fish were introduced into seawater, whereas Firmicutes and 
the Bacteroidetes were significant features of the freshwater 
group. This transition to a Proteobacteria- rich community 
when the fish enters seawater has been previously recorded; 
in both fish skin (Lokesh & Kiron, 2016; Schmidt, Smith, 
Melvin, & Amaral- Zettler, 2015) and intestinal (both mucosa 
and digesta) microbiota (Gajardo et al., 2016). A meta- analysis 
also revealed the differences in the gut bacterial community 
compositions of freshwater and the seawater fishes (Sullam 
et al., 2012). Dehler et al. (2017b) demonstrated a similar 
trend in the transition of the community; the abundance of 
Proteobacteria increased when the fish belonging to the same 
cohort entered seawater. On the contrary, Rudi et al. (2018), 
reported that the freshwater to seawater transition results 
in an increased abundance of intestinal Firmicutes and a de-
crease in Proteobacteria and Actinobacteria. The transition- 
linked abundance of specific groups are quite relevant for the 
aquaculture industry because during this critical phase the fish 
undergoes several physiological changes (McCormick, Hansen, 
Quinn, & Saunders, 1998). The changes in the community pro-
file observed in these studies should be further explored to 
understand if such alterations make the fish susceptible to 
diseases.
5  | CONCLUSION
This study examined the transition of the embryonic and intestinal 
bacterial communities of Atlantic salmon. Stage- specific microbial 
signatures were evident at the phylum level. Proteobacteria was 
the most abundant phylum in eggs. The diversity of the hatchling- 
associated community increased, reflecting the significant abun-
dance of Actinobacteria, Firmicutes, Tenericutes, Spirochaetes, 
and Deinococcus-Thermus. In the intestine of the fish at the early 
freshwater stages, Proteobacteria was dominant. Subsequently 
Firmicutes and Bacteroidetes became the significantly abundant 
phyla. Although the former group dominated in the distal intes-
tine of the fish at the late freshwater stages, Proteobacteria again 
became the significantly abundant phylum after the fish were in 
seawater. Specific phylum can be employed as indicators of the 
developmental stages of Atlantic salmon. After confirming the 
functional significance of these indicators, selected members of a 
particular phylum can be enriched through microbial manipulation 
for better growth and health of farmed fish. Overall, these results 
provide basic knowledge required for the development of sustain-
able health - promoting microbial manipulation strategies for the 
salmon farming industry.
F IGURE  6 Plots showing the comparison between stages 62wph—freshwater and 65wph—seawater. A stage- specific color coding is 
used for figures a, b, and d. (a) Alpha diversity indices (Shannon index, PD whole tree) of the bacterial communities and (b) Weighted UniFrac 
distances- based PCoA. (c) Mean relative abundance of the 10 most abundant OTUs, plotted at the genus level. The OTUs are colored 
according to their taxonomic classification, and the OTUs without any assignment are shown in gray. (d) Cladogram showing the significantly 
abundant taxonomic groups in each of the stages, identified based on the LEfSe analysis (p < 0.05 and effect size >3.5). 
     |  13 of 16LOKESH Et aL.
(a)
(b)
(d)
(c)
14 of 16  |     LOKESH Et aL.
ACKNOWLEDG EMENTS
This study was conducted as part of the project “Bioteknologi- 
en framtidsretter næring,” funded by the Nordland County. 
Cermaq Norway AS, Hopen, Bodø is acknowledged for provid-
ing the fish at the freshwater stages. We thank Hilde Ribe and 
Katrine Klippenberg for their help in procuring the samples. Vigdis 
Edvardsen is acknowledged for her assistance while sequencing 
the libraries.
CONFLIC T OF INTERE S T
The authors have no conflict of interest to declare.
ORCID
Viswanath Kiron  http://orcid.org/0000-0003-4640-1910 
Jorge M.O. Fernandes  http://orcid.org/0000-0002-2550-1640  
R E FE R E N C E S
Arrieta, M.-C., Stiemsma, L. T., Amenyogbe, N., Brown, E. M., & Finlay, 
B. (2014). The intestinal microbiome in early life: Health and disease. 
Frontiers in Immunology, 5, 427.
Asnicar, F., Weingart, G., Tickle, T. L., Huttenhower, C., & Segata, N. (2015). 
Compact graphical representation of phylogenetic data and metadata 
with GraPhlAn. PeerJ, 3, e1029. https://doi.org/10.7717/peerj.1029
Avella, M. A., Place, A., Du, S.-J., Williams, E., Silvi, S., Zohar, Y., & 
Carnevali, O. (2012). Lactobacillus rhamnosus accelerates zebrafish 
backbone calcification and gonadal differentiation through effects 
on the GnRH and IGF systems. PLoS ONE, 7, e45572. https://doi.
org/10.1371/journal.pone.0045572
Bäckhed, F., Fraser, C. M., Ringel, Y., Sanders, M. E., Sartor, R. B., 
Sherman, P. M., … Finlay, B. B. (2012). Defining a healthy human gut 
microbiome: Current concepts, future directions, and clinical appli-
cations. Cell Host & Microbe, 12, 611–622. https://doi.org/10.1016/j.
chom.2012.10.012
Bakke, I., Coward, E., Andersen, T., & Vadstein, O. (2015). Selection in the 
host structures the microbiota associated with developing cod larvae 
(Gadus morhua). Environmental Microbiology, 17, 3914–3924. https://
doi.org/10.1111/1462-2920.12888
Bakke, I., Skjermo, J., Vo, T.A.,  Vadstein, O. (2013). Live feed is not a 
major determinant of the microbiota associated with cod lar-
vae (Gadus morhua ). Environ. Microbiol. Rep. 5, 537–548. https://
doi:10.1111/1758 2229.12042
Bates, J. M., Mittge, E., Kuhlman, J., Baden, K. N., Cheesman, S. 
E., & Guillemin, K. (2006). Distinct signals from the microbi-
ota promote different aspects of zebrafish gut differentiation. 
Developmental Biology, 297, 374–386. https://doi.org/10.1016/j.
ydbio.2006.05.006
Bledsoe, J. W., Peterson, B. C., Swanson, K. S., & Small, B. C. (2016). 
Ontogenetic characterization of the intestinal microbiota of channel 
catfish through 16S rRNA gene sequencing reveals insights on tem-
poral shifts and the influence of environmental microbes. PLoS ONE, 
11, e0166379. https://doi.org/10.1371/journal.pone.0166379
Burns, A. R., Stephens, W. Z., Stagaman, K., Wong, S., Rawls, J. F., 
Guillemin, K., & Bohannan, B. J. (2016). Contribution of neutral pro-
cesses to the assembly of gut microbial communities in the zebraf-
ish over host development. ISME Journal, 10, 655–664. https://doi.
org/10.1038/ismej.2015.142
Caporaso, J. G., Kuczynski, J., Stombaugh, J., Bittinger, K., Bushman, 
F. D., Costello, E. K., … Knight, R. (2010). QIIME allows analysis of 
high- throughput community sequencing data. Nature Methods, 7, 
335–336. https://doi.org/10.1038/nmeth.f.303
Caporaso, J. G., Lauber, C. L., Costello, E. K., Berg-Lyons, D., Gonzalez, 
A., Stombaugh, J., … Knight, R. (2011). Moving pictures of the human 
microbiome. Genome Biology, 12, R50. https://doi.org/10.1186/
gb-2011-12-5-r50
Chiarello, M., Villéger, S., Bouvier, C., Bettarel, Y., & Bouvier, T. (2015). 
High diversity of skin- associated bacterial communities of marine 
fishes is promoted by their high variability among body parts, indi-
viduals and species. FEMS Microbiology Ecology, 91, fiv061. https://
doi.org/10.1093/femsec/fiv061
Chung, H., Pamp, S. J., Hill, J. A., Surana, N. K., Edelman, S. M., Troy, E. B., 
… Kasper, D. L. (2012). Gut immune maturation depends on coloni-
zation with a host- specific microbiota. Cell, 149, 1578–1593. https://
doi.org/10.1016/j.cell.2012.04.037
Dehler, C. E., Secombes, C. J., & Martin, S. A. M. (2017a). Environmental 
and physiological factors shape the gut microbiota of Atlantic 
salmon parr (Salmo salar L.). Aquaculture, 467, 149–157. https://doi.
org/10.1016/j.aquaculture.2016.07.017
Dehler, C. E., Secombes, C. J., & Martin, S. A. M. (2017b). Seawater 
transfer alters the intestinal microbiota profiles of Atlantic salmon 
(Salmo salar L.). Scientific Reports, 7, 13877. https://doi.org/10.1038/
s41598-017-13249-8
DeSantis, T. Z., Hugenholtz, P., Larsen, N., Rojas, M., Brodie, E. L., 
Keller, K., … Andersen, G. L. (2006). Greengenes, a chimera- checked 
16S rRNA gene database and workbench compatible with ARB. 
Applied and Environment Microbiology, 72, 5069–5072. https://doi.
org/10.1128/AEM.03006-05
Edgar, R. C. (2013). UPARSE: Highly accurate OTU sequences from mi-
crobial amplicon reads. Nature Methods, 10, 996–998. https://doi.
org/10.1038/nmeth.2604
Edgar, R. C., & Flyvbjerg, H. (2015). Error filtering, pair assembly, and error 
correction for next- generation sequencing reads. Bioinformatics, 31, 
3476–3482. https://doi.org/10.1093/bioinformatics/btv401
Edgar, R. C., Haas, B. J., Clemente, J. C., Quince, C., & Knight, R. 
(2011). UCHIME improves sensitivity and speed of chimera de-
tection. Bioinformatics, 27, 2194–2200. https://doi.org/10.1093/
bioinformatics/btr381
Forberg, T., Sjulstad, E. B., Bakke, I., Olsen, Y., Hagiwara, A., Sakakura, Y., 
& Vadstein, O. (2016). Correlation between microbiota and growth 
in mangrove killifish (Kryptolebias marmoratus) and Atlantic cod 
(Gadus morhua). Scientific Reports, 6, 21192. https://doi.org/10.1038/
srep21192
Fujimoto, M., Crossman, J. A., Scribner, K. T., & Marsh, T. L. (2013). 
Microbial community assembly and succession on lake sturgeon 
egg surfaces as a function of simulated spawning stream flow 
rate. Microbial Ecology, 66, 500–511. https://doi.org/10.1007/
s00248-013-0256-6
Gajardo, K., Rodiles, A., Kortner, T. M., Krogdahl, Å., Bakke, A. M., 
Merrifield, D. L., & Sørum, H. (2016). A high- resolution map of the 
gut microbiota in Atlantic salmon (Salmo salar): A basis for compar-
ative gut microbial research. Scientific Reports, 6, 30893. https://doi.
org/10.1038/srep30893
Galindo-Villegas, J., Garcia-Moreno, D., de Oliveira, S., Meseguer, 
J., & Mulero, V. (2012). Regulation of immunity and disease 
resistance by commensal microbes and chromatin modifica-
tions during zebrafish development. Proceedings of the National 
Academy of Sciences, 109, E2605–E2614. https://doi.org/10.1073/
pnas.1209920109
Givens, C., Ransom, B., Bano, N., & Hollibaugh, J. (2015). Comparison 
of the gut microbiomes of 12 bony fish and 3 shark species. Marine 
Ecology Progress Series, 518, 209–223. https://doi.org/10.3354/
meps11034
     |  15 of 16LOKESH Et aL.
Hansen, Olafsen (1999). Bacterial interactions in early life stages of 
marine cold water fish. Microbial Ecology, 38, 1–26. https://doi.
org/10.1007/s002489900158
Hansen, G. H., & Olafsen, J. A. (1989). Bacterial colonization of cod 
(Gadus morhua) and halibut (Hippoglossus hippoglossus) eggs in marine 
aquaculture. Applied and Environment Microbiology, 55, 1435–1446.
Holben, W. E., Williams, P., Gilbert, M. A., Saarinen, M., Särkilahti, L. K., 
& Apajalahti, J. H. A. (2002). Phylogenetic analysis of intestinal mi-
croflora indicates a novel Mycoplasma phylotype in farmed and wild 
salmon. Microbial Ecology, 44, 175–185. https://doi.org/10.1007/
s00248-002-1011-6
Ingerslev, H.-C., von Gersdorff Jørgensen, L., Lenz Strube, M., Larsen, N., 
Dalsgaard, I., Boye, M., & Madsen, L. (2014). The development of the 
gut microbiota in rainbow trout (Oncorhynchus mykiss) is affected by 
first feeding and diet type. Aquaculture, 424–425, 24–34. https://doi.
org/10.1016/j.aquaculture.2013.12.032
Klindworth, A., Pruesse, E., Schweer, T., Peplies, J., Quast, C., Horn, M., 
& Glöckner, F. O. (2013). Evaluation of general 16S ribosomal RNA 
gene PCR primers for classical and next- generation sequencing- 
based diversity studies. Nucleic Acids Research, 41, e1. https://doi.
org/10.1093/nar/gks808
Kozich, J. J., Westcott, S. L., Baxter, N. T., Highlander, S. K., & 
Schloss, P. D. (2013). Development of a dual- index sequencing 
strategy and curation pipeline for analyzing amplicon sequence 
data on the MiSeq Illumina sequencing platform. Applied and 
Environment Microbiology, 79, 5112–5120. https://doi.org/10.1128/
AEM.01043-13
Li, J., Ni, J., Li, J., Wang, C., Li, X., Wu, S., … Yan, Q. (2014). Comparative 
study on gastrointestinal microbiota of eight fish species with differ-
ent feeding habits. Journal of Applied Microbiology, 117, 1750–1760. 
https://doi.org/10.1111/jam.12663
Li, X., Yu, Y., Feng, W., Yan, Q., & Gong, Y. (2012). Host species as a 
strong determinant of the intestinal microbiota of fish larvae. 
The Journal of Microbiology, 50, 29–37. https://doi.org/10.1007/
s12275-012-1340-1
Liu, Y., de Bruijn, I., Jack, A. L. H., Drynan, K., van den Berg, A. H., Thoen, 
E., … Raaijmakers, J. M. (2014). Deciphering microbial landscapes of 
fish eggs to mitigate emerging diseases. ISME Journal, 8, 2002–2014. 
https://doi.org/10.1038/ismej.2014.44
Llewellyn, M. S., Boutin, S., Hoseinifar, S. H., & Derome, N. (2014). 
Teleost microbiomes: The state of the art in their characterization, 
manipulation and importance in aquaculture and fisheries. Frontiers 
in Microbiology, 5, 207.
Llewellyn, M. S., McGinnity, P., Dionne, M., Letourneau, J., Thonier, 
F., Carvalho, G. R., … Derome, N. (2016). The biogeography of the 
Atlantic salmon (Salmo salar) gut microbiome. ISME Journal, 10, 1280–
1284. https://doi.org/10.1038/ismej.2015.189
Lokesh, J., & Kiron, V. (2016). Transition from freshwater to seawater re-
shapes the skin- associated microbiota of Atlantic salmon. Scientific 
Reports, 6, 19707. https://doi.org/10.1038/srep19707
Lowrey, L., Woodhams, D. C., Tacchi, L., & Salinas, I. (2015). Topographical 
mapping of the Rainbow trout (Oncorhynchus mykiss) microbiome re-
veals a diverse bacterial community with antifungal properties in the 
skin. Applied and Environment Microbiology, 81, 6915–6925. https://
doi.org/10.1128/AEM.01826-15
Lozupone, C., & Knight, R. (2005). UniFrac: A new phylogenetic 
method for comparing microbial communities. Applied and 
Environment Microbiology, 71, 8228–8235. https://doi.org/10.1128/
AEM.71.12.8228-8235.2005
Mach, N., Berri, M., Estellé, J., Levenez, F., Lemonnier, G., Denis, C., … 
Lepage, P. (2015). Early- life establishment of the swine gut micro-
biome and impact on host phenotypes. Environmental Microbiology 
Reports, 7, 554–569. https://doi.org/10.1111/1758-2229.12285
Matamoros, S., Gras-Leguen, C., Le Vacon, F., Potel, G., & de La 
Cochetiere, M.-F. (2013). Development of intestinal microbiota in 
infants and its impact on health. Trends in Microbiology, 21, 167–173. 
https://doi.org/10.1016/j.tim.2012.12.001
McCormick, S. D., Hansen, L. P., Quinn, T. P., & Saunders, R. L. (1998). 
Movement, migration, and smolting of Atlantic salmon (Salmo salar). 
Canadian Journal of Fisheries and Aquatic Science, 55, 77–92. https://
doi.org/10.1139/d98-011
McMurdie, P. J., & Holmes, S. (2013). phyloseq: An R package for repro-
ducible interactive analysis and graphics of microbiome census data. 
PLoS ONE, 8, e61217. https://doi.org/10.1371/journal.pone.0061217
R Core Team. (2013). R: A language and environment for statistical comput-
ing. Vienna, Austria: R Foundation for Statistical Computing.
Ramette, A. (2007). Multivariate analyses in microbial ecol-
ogy. FEMS Microbiology Ecology, 62, 142–160. https://doi.
org/10.1111/j.1574-6941.2007.00375.x
Rawls, J. F., Mahowald, M. A., Ley, R. E., & Gordon, J. I. (2006). Reciprocal 
gut microbiota transplants from zebrafish and mice to germ- free re-
cipients reveal host habitat selection. Cell, 127, 423–433. https://doi.
org/10.1016/j.cell.2006.08.043
Rawls, J. F., Samuel, B. S., & Gordon, J. I. (2004). Gnotobiotic zebrafish 
reveal evolutionarily conserved responses to the gut microbiota. 
Proceedings of the National Academy of Sciences, 101, 4596–4601. 
https://doi.org/10.1073/pnas.0400706101
Rodríguez, J. M., Murphy, K., Stanton, C., Ross, R. P., Kober, O. I., Juge, 
N., … Collado, M. C. (2015). The composition of the gut microbiota 
throughout life, with an emphasis on early life. Microbial Ecology in 
Health and Disease, 26, 26050.
Roeselers, G., Mittge, E. K., Stephens, W. Z., Parichy, D. M., Cavanaugh, 
C. M., Guillemin, K., & Rawls, J. F. (2011). Evidence for a core gut 
microbiota in the zebrafish. ISME Journal, 5, 1595–1608. https://doi.
org/10.1038/ismej.2011.38
Rudi, K., Angell, I. L., Pope, P. B., Vik, J. O., Sandve, S. R., & Snipen, L.-G. 
(2018). Stable core gut microbiota across the freshwater- to- saltwater 
transition for farmed Atlantic salmon. Applied and Environment 
Microbiology, 84, e01974–17.
Savage, D. C. (1977). Microbial ecology of the gastrointestinal tract. 
Annual Review of Microbiology, 31, 107–133. https://doi.org/10.1146/
annurev.mi.31.100177.000543
Schmidt, V. T., Smith, K. F., Melvin, D. W., & Amaral-Zettler, L. A. (2015). 
Community assembly of a euryhaline fish microbiome during sa-
linity acclimation. Molecular Ecology, 24, 2537–2550. https://doi.
org/10.1111/mec.13177
Segata, N., Izard, J., Waldron, L., Gevers, D., Miropolsky, L., Garrett, W. 
S., & Huttenhower, C. (2011). Metagenomic biomarker discovery 
and explanation. Genome Biology, 12, R60. https://doi.org/10.1186/
gb-2011-12-6-r60
Sommer, F., & Bäckhed, F. (2013). The gut microbiota- masters of host de-
velopment and physiology. Nature Reviews Microbiology, 11, 227–238. 
https://doi.org/10.1038/nrmicro2974
Stephens, W. Z., Burns, A. R., Stagaman, K., Wong, S., Rawls, J. F., 
Guillemin, K., & Bohannan, B. J. M. (2015). The composition of the 
zebrafish intestinal microbial community varies across development. 
ISME Journal, 10, 644–654.
Sullam, K. E., Essinger, S. D., Lozupone, C. A., O’Connor, M. P., Rosen, 
G. L., Knight, R., … Russell, J. A. (2012). Environmental and eco-
logical factors that shape the gut bacterial communities of fish: 
A meta- analysis. Molecular Ecology, 21, 3363–3378. https://doi.
org/10.1111/j.1365-294X.2012.05552.x
Ursell, L. K., Metcalf, J. L., Parfrey, L. W., & Knight, R. (2012). Defining the 
human microbiome. Nutrition Reviews, 70(Suppl 1), S38–S44. https://
doi.org/10.1111/j.1753-4887.2012.00493.x
van Kessel, M. A., Dutilh, B. E., Neveling, K., Kwint, M. P., Veltman, J. 
A., Flik, G., … Op den Camp, H. J. (2011). Pyrosequencing of 16S 
rRNA gene amplicons to study the microbiota in the gastrointesti-
nal tract of carp (Cyprinus carpio L.). AMB Express, 1, 41. https://doi.
org/10.1186/2191-0855-1-41
16 of 16  |     LOKESH Et aL.
Wells, P., & Pinder, A. (1996). The respiratory development of Atlantic 
salmon: Morphometry of gills, yolk sac and body surface. Journal of 
Experimental Biology, 199, 2725–2736.
Wilkins, L. G. E., Fumagalli, L., & Wedekind, C. (2016). Effects of host 
genetics and environment on egg- associated microbiotas in brown 
trout (Salmo trutta). Molecular Ecology, 25, 4930–4945. https://doi.
org/10.1111/mec.13798
Wong, S., Stephens, W. Z., Burns, A. R., Stagaman, K., David, L. A., 
Bohannan, B. J. M., … Rawls, J. F. (2015). Ontogenetic differences in 
dietary fat influence microbiota assembly in the zebrafish gut. MBio, 
6, e00687–15.
Wong, S., Waldrop, T., Summerfelt, S., Davidson, J., Barrows, F., Kenney, P. 
B., … Good, C. (2013). Aquacultured rainbow trout (Oncorhynchus my-
kiss) possess a large core intestinal microbiota that is resistant to vari-
ation in diet and rearing density. Applied and Environment Microbiology, 
79, 4974–4984. https://doi.org/10.1128/AEM.00924-13
Yan, Q., Li, J., Yu, Y., Wang, J., He, Z., Van Nostrand, J. D., … Zhou, J. 
(2016). Environmental filtering decreases with fish development 
for the assembly of gut microbiota. Environmental Microbiology, 18, 
4739–4754. https://doi.org/10.1111/1462-2920.13365
Yatsunenko, T., Rey, F. E., Manary, M. J., Trehan, I., Dominguez-Bello, 
M. G., Contreras, M., … Gordon, J. I. (2012). Human gut microbiome 
viewed across age and geography. Nature, 486, 222–227. https://doi.
org/10.1038/nature11053
Ye, L., Amberg, J., Chapman, D., Gaikowski, M., & Liu, W.-T. (2014). Fish 
gut microbiota analysis differentiates physiology and behavior of 
invasive Asian carp and indigenous American fish. ISME Journal, 8, 
541–551. https://doi.org/10.1038/ismej.2013.181
Yoshimizu, M., Kimura, T., & Sakai, M. (1980). Microflora of the embryo 
and the fry of salmonids. Bulletin of the Japanese Society of Science 
Fisheries, 46, 967–975. https://doi.org/10.2331/suisan.46.967
Zapata, A., Diez, B., Cejalvo, T., Gutiérrez-de Frías, C., & Cortés, A. (2006). 
Ontogeny of the immune system of fish. Fish & Shellfish Immunology, 
20, 126–136. https://doi.org/10.1016/j.fsi.2004.09.005
Zarkasi, K. Z., Abell, G. C. J., Taylor, R. S., Neuman, C., Hatje, E., Tamplin, 
M. L., … Bowman, J. P. (2014). Pyrosequencing- based characterization 
of gastrointestinal bacteria of Atlantic salmon (Salmo salar L.) within a 
commercial mariculture system. Journal of Applied Microbiology, 117, 
18–27. https://doi.org/10.1111/jam.12514
Zarkasi, K. Z., Taylor, R. S., Abell, G. C. J., Tamplin, M. L., Glencross, B. D., 
& Bowman, J. P. (2016). Atlantic salmon (Salmo salar L.) gastrointes-
tinal microbial community dynamics in relation to digesta properties 
and diet. Microbial Ecology, 71, 589–603. https://doi.org/10.1007/
s00248-015-0728-y
SUPPORTING INFORMATION
Additional supporting information may be found online in the 
Supporting Information section at the end of the article.
How to cite this article: Lokesh J, Kiron V, Sipkema D, 
Fernandes JMO, Moum T. Succession of embryonic and the 
intestinal bacterial communities of Atlantic salmon (Salmo 
salar) reveals stage- specific microbial signatures. 
MicrobiologyOpen. 2018;e672. https://doi.org/10.1002/
mbo3.672
